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Sarcopenic obesity (SO) is a metabolic disorder marked by the simultaneous presence of excessive body 

fat and compromised skeletal muscle function, with diminished muscle mass and strength. Hypercaloric 

diets are widely acknowledged as significant factors in the development of obesity; however, their effects 

on skeletal muscle homeostasis and lipid metabolism are not fully elucidated. Specifically, the synergistic 

effects of elevated dietary fat and fructose intake on skeletal muscle remodeling and lipid accumulation 

necessitate further examination. 

The current study aimed to assess the effects of chronic high-fat diet (HFD) intake, either independently 

or in conjunction with fructose supplementation (HFD+F), on skeletal muscle morphology, atrophic 

signaling, and lipid accumulation through integrated in vivo and in vitro methodologies. In the in vivo 

model, male C57BL/6J mice were administered ad libitum a normal diet (ND), a high-fat diet (HFD) 

comprising 45% of caloric intake from fat, or an HFD augmented with 30% fructose in their drinking water 

for a duration of 16 weeks. Body weight, adipose tissue depots, and skeletal muscle weights were 

evaluated. Myofiber cross-sectional area (CSA) and intramuscular lipid accumulation in tibialis anterior 

muscle were assessed using laminin and bodipy staining. Meanwhile, in in vitro experiments, 

differentiated C2C12 myotubes were exposed to palmitate (PA) with or without fructose (F) in order to 

further investigate the direct cellular effects of lipid and sugar excess. 

Our results confirm an increase of body weight and white adipose tissue mass after prolonged exposure 

to HFD and HFD+F, indicating the development of an obese phenotype. Despite skeletal muscle weight 

and myofiber CSA did not change among the three groups, intramuscular lipid droplet accumulation was 

significantly increased in both HFD and HFD+F mice, indicating early metabolic remodeling within skeletal 

muscle. Notably, spleen and liver weights were elevated upon consumption of high caloric diet, which 

may indicate increased systemic inflammation and hepatic lipid accumulation. Additionally, in vitro tests 

showed that both fructose and palmitate caused a dose-dependent decrease in MyHC expression and 

myotube diameter, suggesting the activation of atrophic processes at the cellular level. The combined 

PA+F treatment resulted in the highest level of intracellular lipid accumulation, indicating additive effects 

on lipid storage, even though it did not worsen morphological atrophy when compared to individual 

treatments. 

Overall, these results suggest that long-term exposure to a high-fat diet causes an early metabolic 

remodeling, impacting on intramuscular lipid droplet accumulation. On the other hand, we speculate that 

fructose supplementation is not pivotal in influencing directly muscle cell homeostasis, but it may worsen 

systemic metabolic disorders. 
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2.1. Skeletal Muscle 

Skeletal muscle is one of the most abundant tissues in the human body, containing approximately 40% of 

total body weight, and plays essential roles in everyday activities, including movement, posture, 

respiration, and metabolic regulation (1). It is composed of fascicles, which in turn encloses myofibers, 

that are long, cylindrical, and multinucleated cells containing myofibrils. Myofibrils are characterized by 

repeated contractile units called sarcomeres, which are pivotal for muscle contraction and force 

generation, through the interaction between actin and myosin filaments. This unique structural 

organization gives skeletal muscle its striated appearance under the microscope (2). Additionally, fascicles, 

myofibers, and the entire muscle are surrounded respectively by three connective tissue layers: the 

perimysium, endomysium, and epimysium. All of them provide structural support and allow for the 

passage of blood vessels and nerves (2). 

Besides structural functions, skeletal muscle is also a key metabolic organ. It acts as a major site for glucose 

uptake and lipid oxidation, thus playing a central role in systemic energy homeostasis. It also serves as an 

amino acid reservoir during fasting or catabolic stress (3). 

Furthermore, skeletal muscle is a highly plastic tissue, capable of adapting to various internal and external 

stimuli such as mechanical load, physical activity, nutrient availability, and hormonal signals. Its 

homeostasis is maintained by a dynamic balance between anabolic (protein synthesis) and catabolic 

(protein degradation) processes (3). When this homeostatic balance is disrupted by factors such as aging, 

physical inactivity, or pathological conditions, catabolic signaling predominates over anabolic pathways, 

driving skeletal muscle wasting and leading to a progressive decline in muscle mass and functional 

capacity, thereby predisposing to the development of muscle atrophy or sarcopenia (3–5). 

 

2.2. Muscle Atrophy 

Muscle atrophy is defined as a decrease in skeletal muscle mass resulting from an imbalance between 

protein synthesis and protein degradation, in which catabolic processes exceed anabolic signaling, 

ultimately leading to progressive loss of muscle tissue (3). It can arise from various conditions, including 

immobilization, aging, malnutrition, chronic inflammation, cancer, and metabolic disorders (3,6). A key 

feature of atrophy is the disruption of the balance between protein synthesis and degradation, with a shift 

toward increased proteolysis (6). 

Two major proteolytic pathways are primarily responsible for muscle protein breakdown: the ubiquitin–

proteasome system (UPS) and the autophagy–lysosome pathway (5). The UPS is activated through muscle-

specific E3 ubiquitin ligases, such as atrogin-1 (Fbxo32) and muscle RING-finger protein-1 (MuRF1/Trim63), 

which tag muscle proteins for degradation via the proteasome (7). Increased expression of these ligases 

has been reported in several rodent models of muscle atrophy, including denervation, disuse (hindlimb 

unloading), and fasting, as well as in muscle biopsies from patients affected by muscle wasting conditions 

such as sarcopenia and cancer cachexia (7). The activation of these proteolytic pathways contributes to 

the progressive loss of muscle proteins and cellular components, leading to a reduction in muscle mass 

and contractile capacity. As a consequence, muscle atrophy impairs muscle strength and physical 

performance, ultimately compromising mobility and metabolic homeostasis (3). 



In addition to these proteolytic systems, oxidative stress and chronic inflammation play significant roles in 

muscle atrophy. Elevated levels of pro-inflammatory cytokines, such as interleukin-6 (IL-6), and an increase 

in reactive oxygen species (ROS) can directly impair protein synthesis and activate proteolytic pathways 

(6). These molecular changes synergistically contribute in reducing muscle fiber size, impairing contractile 

function, and increasing susceptibility to fatigue (8). 

 

Figure 1. Major proteolytic pathways and signaling cascades involved in skeletal muscle atrophy. (Sartori, R., Romanello, V., & 

Sandri, M. (2021). Mechanisms of muscle atrophy and hypertrophy: implications in health and disease. Nature Communications, 

12(1), 330.) 

Chronic consumption of hypercaloric, Western-style diets are widely demonstrated to promote systemic 

metabolic dysfunction, characterized by increased adiposity, insulin resistance, and chronic low-grade 

inflammation, conditions that collectively contributes to muscle atrophy by shifting the balance toward 

catabolic pathways, ultimately exacerbating functional decline despite increased body weight (9). In this 

context, excess nutrient availability coexists with a paradoxical loss of muscle mass and function, a 

condition referred to as sarcopenic obesity (10). 

2.3. Sarcopenic Obesity 

Sarcopenic obesity (SO) is a condition characterized by the coexistence of excessive fat accumulation and 

a simultaneous reduction in skeletal muscle mass and strength. This combination worsens the functional 

and metabolic consequences of both obesity and sarcopenia, and is associated with a higher risk of 

disability, insulin resistance, type 2 diabetes, cardiovascular diseases, and overall mortality compared to 

either condition alone  (11). Clinically, SO is identified when an individual has a high body fat percentage 

together with reduced muscle mass and low muscle strength or poor performances (12). This condition 



requires combined intervention strategies, including resistance exercise to stimulate muscle protein 

synthesis, aerobic exercise to reduce fat mass, and dietary modifications that ensure adequate protein 

intake along with controlled energy intake (8). Early recognition and targeted treatment are essential to 

prevent further decline in physical function and reduce metabolic complications. Several mechanisms 

contribute to the development of SO, including aging, sedentary lifestyle, chronic inflammation, 

mitochondrial dysfunction, hormonal changes (such as declines in testosterone, growth hormone, or 

estrogen), and nutritional imbalance. 

In individuals with SO, adipose tissue could infiltrate within muscle fibers, as lipid droplets, whose role is 

to store fat in the form of triglycerides when there is an excess of fatty acids in the body. Under normal 

condition, lipid droplets have a key role both in keeping extra fatty acids in a safe form, releasing them 

when the body needs energy, and recycling them through autophagy (13). However, in particular 

conditions, especially in obese people, when lipid accumulation is too high, this protective system 

becomes overwhelmed and fat accumulates not only in adipose tissue but also in other tissues and organs, 

including liver and skeletal muscle (14). This abnormal build-up of fat can interfere with normal muscle 

function and contribute to muscle weakness. Excess lipid droplets not only impact on the production of 

pro-inflammatory cytokines, such as tumor necrosis factor (TNF-α) and IL-6, but also on adipokines level 

dysregulation, like leptin and adiponectin, triggering systemic metabolic complications, including in 

skeletal muscle tissue (15,16).  

As a consequence, as confirmed by Wannamethee and Batsis studies, muscle strength is impaired and 

physical activity is reduced, favoring additional fat accumulation and muscle wasting (11,15). For these 

reasons, high-fat and high-sugar diets have been widely demonstrated to be pivotal in the onset of SO and 

the related health complications (12,15).  

2.4. High-Fat Diet 

A high-fat diet (HFD), generally defined as providing approximately 30–60% of total caloric intake from fat, 

represents a key experimental approach for studying metabolic disorders associated with nutrient excess.  

Originally introduced in experimental research during the mid-20th century, HFD models have consistently 

demonstrated the ability to induce metabolic disturbances such as hyperglycemia, insulin resistance, and 

chronic low-grade inflammation (17). A defining characteristic of HFD consumption is excessive lipid 

accumulation, which strongly contributes to the development of obesity and related metabolic 

complications (18,19). 

This effect is primarily driven by sustained positive energy balance and alterations in macro- and 

micronutrient intake, ultimately leading to an expansion of adipose tissue mass (17,20,21). Consequently, 

HFD is widely recognized as one of the most effective dietary models for inducing obesity in both humans 

and animal studies. The physiological consequences of HFD exposure are influenced by both the duration 

of dietary intervention and the total fat content consumed (22). The lipotoxic environment generated by 

prolonged HFD exposure promotes metabolic dysfunction through several mechanisms. Among these, 

mitochondrial impairment and increased oxidative stress play a central role, contributing to endoplasmic 

reticulum stress, apoptosis, and enhanced protein degradation pathways (23). Furthermore, chronic HFD 

consumption is associated with the development of hyperinsulinemia and impaired glucose tolerance, 

reflecting reduced insulin sensitivity — hallmark features of obesity-related metabolic dysfunction (21). 



Moreover, the increased use of fructose in modern diets, mainly through sucrose and high-fructose corn 

syrup (HFCS), has been strongly linked to the global rise of obesity and metabolic diseases. Fructose is a 

monosaccharide commonly found in fruits, honey, and, more importantly, as part of added sugars such as 

sucrose and high-fructose corn syrup (HFCS). Unlike glucose, fructose is mainly metabolized in the liver, 

where it enters glycolysis independently of insulin by being converted into fructose-1-phosphate via 

fructokinase (ketohexokinase) (24). This bypass of the key glycolytic enzyme phosphofructokinase results 

in uncontrolled and rapid conversion of fructose into intermediates of lipogenesis, promoting the synthesis 

of triglycerides and leading to de novo lipogenesis (25). 

High intake of fructose has been associated with increased hepatic fat accumulation, elevated triglyceride 

levels in the blood, and insulin resistance (26). In addition, fructose metabolism leads to the production of 

uric acid, which can contribute to oxidative stress and inflammation (27).Chronic fructose consumption 

has been shown to trigger metabolic dysfunction including dyslipidemia, hepatic steatosis, hypertension, 

and obesity. 

Recent studies have also highlighted the negative role of fructose on skeletal muscle tissue. Excessive 

fructose intake can impair insulin signaling in muscle cells, decreasing insulin secretion or leptin 

production, two key hormones involved in appetite regulation and energy balance (24), may leading to 

increased energy consumption and weight gain (26).  

Experimental studies and clinical evidence have demonstrated that chronic consumption of fructose 

promotes fat deposition in the liver and visceral adipose tissue, contributing to obesity (28). This effect is 

largely due to fructose-driven hepatic de novo lipogenesis, which increases triglyceride synthesis and fat 

accumulation (29). Moreover, fructose consumption has been shown to increase circulating triglycerides 

and very low-density lipoprotein (VLDL), both of which are associated with obesity-related metabolic 

disorders (25).  

Preclinical studies in animal models have shown that high-fructose feeding increases adiposity, promotes 

insulin resistance, and disrupts lipid metabolism, even in the absence of a proportional rise in total caloric 

intake(28,29). In humans, excessive consumption of sugar-sweetened beverages containing high-fructose 

corn syrup (HFCS) has consistently been associated with an increased risk of obesity and metabolic 

syndrome(24–26).   



 

 

 

Aim of the project 
 

  



Given this, high-fructose diets are widely regarded as a major dietary contributor to the onset and 

progression of obesity. Despite this evidence, the role of fructose in skeletal muscle, particularly in the 

context of a high-fat, high-fructose dietary regimen, remains insufficiently characterized. Therefore, the 

primary objective of this project was to investigate the impact of a high-fat, high-fructose diet on skeletal 

muscle homeostasis, feeding three groups of mice with different dietary regimens: standard diet (SD), 

high-fat diet (HFD), and high-fat diet supplemented with fructose (HFD+F). Furthermore, to mimic them 

in vitro C2C12 myotubes, the widely used cell model to mimic skeletal muscle, were treated with 

palmitate, the most abundant saturated fatty acid found in circulation upon consumption of diet rich in 

fat, with or without fructose addition.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

 

 

Materials and Methods 
 

 

 

 

 

 

 

 

 

 



3.1 In Vivo Experiments 

All animal procedures were conducted in accordance with the European Community Directive 2010/63/EU 

for the protection of animals used for scientific purposes and were approved by the Institutional Animal 

Care and Use Committee of the University of Piemonte Orientale (authorization n. 893/2023-PR). Male 

C57BL/6J mice (8–9 weeks old) were obtained from Charles River Laboratories (Italy) and housed in groups 

of four to five per cage under controlled environmental conditions (22 ± 1 °C, 55% humidity, 12-hour 

light/dark cycle). Animals had free access to food and water throughout the experimental period. 

3.1.1 Experimental Plan 

After a one-week acclimatization period on a normal chow diet, mice were randomly assigned to three 

dietary conditions: a normal diet (ND), a high-fat diet (HFD), or a high-fat diet supplemented with fructose 

in the drinking water (HFD+F). The HFD provided 45% of total calories from fat, while animals in the HFD+F 

group received the same diet together with a 30% (w/v) fructose solution dissolved in their drinking water. 

The intervention period lasted 16 weeks. Body weight and food intake were recorded weekly, and drinking 

volume was measured every two days to monitor fructose consumption. All animals were observed daily 

to ensure proper health conditions and to identify any signs of distress or abnormal behavior. 

At the end of the experimental period, mice were anesthetized with 4% isoflurane, and euthanized by 

cervical dislocation in accordance with institutional ethical guidelines. Skeletal muscles from the hind 

limbs, including gastrocnemius (GA), tibialis anterior (TA), and quadriceps (QUAD), were rapidly dissected, 

cleaned of surrounding tissues, weighed, and either snap-frozen in liquid nitrogen for molecular analyses 

or embedded in optimal cutting temperature (OCT) compound for cryosectioning and histological 

evaluation. All collected samples were stored at −80 °C until further use. In addition, epididymal and 

subcutaneous adipose tissues were harvested and weighed to assess systemic metabolic adaptations 

associated with the different dietary interventions. 

 

3.2 IN VITRO 

3.2.1 Cell Culture and Myotube Analysis 

C2C12 murine myoblasts (ECACC, UK) were used as the in vitro model for skeletal muscle differentiation. 

Cells were cultured in Dulbecco’s Modified Eagle Medium (DMEM, Gibco, Thermo Fisher Scientific, USA) 

containing 10% fetal bovine serum (FBS), 1% penicillin–streptomycin, and 1% amphotericin B. Cultures 

were maintained at 37°C in a humidified atmosphere with 5% CO₂ and 95% air. The medium was changed 

every two days until the cells reached approximately 80–90% confluence. 

To induce differentiation, the growth medium was replaced with differentiation medium (DM), consisting 

of DMEM supplemented with 2% horse serum (HS). Myoblasts were allowed to fuse and form 

multinucleated myotubes over a period of 5 to 7 days, during which the differentiation medium was 

renewed every 48 hours. The degree of differentiation was confirmed microscopically by the appearance 

of elongated, multinucleated fibers typical of mature myotubes. 

Once full differentiation was achieved, myotubes were exposed to metabolic stressors to mimic conditions 

associated with dietary fructose intake and lipid overload. Treatments included fructose (100, 500 μM) 

and/or palmitate (500 μM) for 24 hours in serum-free DMEM or in DM 2% HS, depending on the 



experimental setup. These concentrations were chosen based on previous studies showing physiological 

relevance in reproducing the effects of high-fructose and high-fat exposure in vitro. Control cells were 

maintained under the same conditions and treated with the respective vehicle (0.1% ethanol). 

For every experiment were measured at least 10 myotubes diameter for each field, five different fields for 

each replicate, and three technical replicates for each used treatment. Myotubes diameters were 

measured with JMicroVision software.3.2.2 Western Blot Analysis. 

After the treatment period, C2C12 myotubes were gently washed twice with ice-cold phosphate-buffered 

saline (PBS) to remove residual medium and detached metabolites. The cells were then lysed in an ice-

cold lysis buffer containing 1% Triton X-100, 0.1% sodium deoxycholate, 0.1% SDS, 1 mM EDTA, 1 mM 

EGTA, 50 mM NaF, 160 mM NaCl, and 20 mM Tris-HCl (pH 7.4), freshly supplemented with a protease and 

phosphatase inhibitor cocktail (Roche). Lysates were stirred for 15 minutes at 4°C and centrifuged at 

15,000 × g for 15 min at 4° C. The concentration of proteins was determined by BCA protein assay kit. 

Proteins were resuspended in sample buffer containing 2% SDS, 150 mM dithiothreitol (DTT), and 0.01% 

bromophenol blue, and 20 μg protein/lane were separated by 10 or 15% SDS-PAGE and transferred to 

PVDF. 

Membranes were saturated with 4% BSA, probed with the primary antibodies overnight at 4 °C, washed 

with tris-buffered saline (TBS) 0.1% Tween, incubated with the appropriate secondary antibody for 1 hour 

at room temperature, visualized with Western Lightning Chemiluminescence Reagent Plus (Perkin Elmer 

Life and Analytical Sciences), acquired with ChemiDoc Touch (Bio-Rad), and analyzed with ImageLab (Bio-

Rad). 

All experiments were conducted in at least three biological replicates to ensure reproducibility, and results 

were expressed as mean ± standard error of the mean (SEM). 

3.2.3 Bodipy Staining 

To visualize and quantify lipid droplet (LD) accumulation in C2C12 myotubes, a fluorescent staining 

protocol using Bodipy 493/503 (Thermo Fisher Scientific, USA) was performed. After the treatment period, 

cells were gently washed twice with phosphate-buffered saline (PBS) to remove culture medium and fixed 

with 4% paraformaldehyde (PFA) for 10 minutes at room temperature. Following fixation, cells were rinsed 

again with PBS and incubated with Bodipy 493/503 working solution (1 μg/mL in PBS) for 30 minutes in 

the dark to allow selective staining of neutral lipids. 

After staining, nuclei were counterstained with 4′,6-diamidino-2-phenylindole (DAPI; 1 μg/mL, Sigma-

Aldrich) for 5 minutes to facilitate visualization of cell morphology. The samples were then mounted with 

an antifade mounting medium and examined under a fluorescence microscope (EVOS™ XL Core Imaging 

System, Thermo Fisher Scientific) equipped with FITC and DAPI filters. 

Images were captured from at least five randomly selected fields per well using identical exposure settings 

for all experimental conditions. Lipid droplet number and fluorescence intensity were quantified using 

ImageJ (NIH, USA). Data were expressed as the mean Bodipy fluorescence intensity per myotube or per 

unit area, normalized to the control group. 

 

3.3 Ex Vivo Analyses 



3.3.1 Cross-Sectional Area (CSA) Immunofluorescence 

Frozen muscle samples (gastrocnemius) were cut into 7 μm-thick sections at the mid-belly region using a 

cryostat (Leica CM1950). Sections were mounted on glass slides, air-dried, and fixed with 4% 

paraformaldehyde (PFA) for 10 minutes at room temperature. After washing in phosphate-buffered saline 

(PBS), sections were permeabilized with 0.2% Triton X-100 for 5 minutes and blocked with 4% bovine 

serum albumin (BSA) for 30 minutes to reduce non-specific binding. 

For the identification of muscle fiber borders, samples were incubated overnight at 4°C with an anti-

laminin primary antibody (1:400, Sigma-Aldrich). The next day, slides were washed and incubated with 

Alexa Fluor-conjugated secondary antibodies (1:1000, Thermo Fisher Scientific) for 45 minutes in the dark. 

Nuclei were counterstained with DAPI (1 μg/mL) for 5 minutes. 

Images were acquired using a Leica TCS SP8 confocal microscope. Cross-sectional area (CSA) of at least 200 

fibers per muscle was measured using ImageJ software (NIH, USA). Data were expressed as mean fiber 

area (μm²) ± standard error of the mean (SEM). 

3.3.2 Bodipy Staining of Muscle Tissue 

To evaluate lipid droplet (LD) accumulation in skeletal muscle, 7 μm cryosections were fixed in 4% PFA for 

10 minutes, washed with PBS, and incubated with Bodipy 493/503 (1:5000 dilution in PBS) for 30 minutes 

in the dark. Nuclei were counterstained with DAPI (1 μg/mL) for 10 minutes. Slides were mounted with an 

antifade medium and imaged under a fluorescence microscope (EVOS™ XL Core Imaging System). 

For each muscle sample, at least five random fields were analyzed. The Bodipy-positive area was quantified 

using ImageJ and expressed as a percentage of total tissue area. All analyses were performed blindly to 

avoid observer bias. 

3.4 Data Analysis 

All data were analyzed using GraphPad Prism 8.0 software (GraphPad Software, USA). Before statistical 

evaluation, datasets were examined for outliers using the interquartile range (IQR) method, and any 

extreme values were excluded if justified by technical error. 

Results are presented as mean ± standard error of the mean (SEM). Comparisons between two groups 

were performed using the unpaired Student’s t-test. When more than two groups were compared, a one-

way analysis of variance (ANOVA) was applied, followed by Tukey’s post-hoc test for multiple comparisons. 

A value of p < 0.05 was considered statistically significant. All experiments were performed at least in 

triplicate to ensure reproducibility. 

Graphical data were generated using GraphPad Prism, and representative images were prepared with 

Adobe Illustrator (Adobe Systems, USA) for figure assembly. 

  



 

 

 

 

Results   



 

4.1 HFD both alone and in combination with fructose increased mice mass without altering muscle 

weights 

To investigate the effects of free fatty acids and fructose in an animal model, mice were purchased at 3 

weeks of age and maintained on a normal diet (ND) for six weeks to allow proper acclimatization. At 9 

weeks of age, animals were randomly assigned to three dietary groups, ND, High-Fat Diet (HFD), and High-

Fat Diet supplemented with fructose (HFD+F). Mice were kept on these regimens for 16 weeks, until 25 

weeks of age. 

As shown in Figure 2A, body weight was monitored every four weeks to assess the progression of weight 

gain across dietary groups. A significant increase in body weight was observed in mice fed the HFD, with 

or without fructose supplementation, when compared with ND controls. Notably, mice receiving fructose 

in addition to the high-fat diet displayed a marked increase in body weight already during the first month 

of treatment. In contrast, mice fed only the HFD showed a significant increase starting from the second 

recorded time point. These differences persisted throughout the entire experimental period and remained 

evident at the endpoint. Such sustained weight gain may partially explain the reduced muscle strength 

and impaired functional performance observed in these groups (data not shown). 

  A       B 

Figure 2. High-fat diet, with or without fructose supplementation, leads to a progressive increase in body weight over the 16-

week feeding period (A). Mice were weighed every four weeks starting from 9 weeks of age. A similar pattern is observed in the 

endpoint weight graph (B). Data are expressed as mean ± standard error of the mean (SEM). Statistical significance is indicated as 

**p < 0.01 and *p < 0.05. Analyses were performed using Student’s t-test and two-way ANOVA. 

 

Given the substantial increase in body weight observed in HFD and HFD+F mice, we evaluated whether 

this weight gain was accompanied by a disproportionate fat accumulation in adipose tissue at the expense 

of muscle mass, a hallmark of sarcopenic obesity. To this aim, both adipose depots and skeletal muscles 

were weighed and stored at sacrifice. 

As shown in Figure 3, epididymal fat (eFAT, Figure 3A) and subcutaneous fat (sFAT, Figure 3B) displayed 

similar patterns, both fats resulted significantly increased in mice fed with HFD or HFD+F compared with 

ND ones. Notably, animals subjected to either dietary treatment exhibited approximately a two-fold 



increase in eFAT and sFAT, corresponding to an average difference of nearly 15 mg/mm relative to ND. 

However, fructose was not sufficient in further impacting its accumulation, thus the difference between 

HFD and HFD+F mice is minimal, amounting to roughly 5 mg/mm in both fat depots. On the other hand, 

no statistically significant differences were detected across the dietary groups in brown adipose tissue 

graph (Figure 3C), in which only a slight increase was observed in HFD+F group. 

 

   A   B   C 

 

Figure 3. High-fat diet, with or without fructose supplementation, induces a significant increase in epididymal (A) and 

subcutaneous (B) fat compared with normal diet. No statistically significant differences were observed in brown adipose tissue 

among ND, HFD, and HFD+F groups (C). Data are presented as mean ± standard error of the mean (SEM). Statistical significance 

was set at **p < 0.01. Analyses were performed using Student’s t-test and ANOVA. 

 

Although a substantial increase in fat mass upon HFD and HFD+F consumption was appreciated, this was 

not accompanied by a reduction in skeletal muscle mass. As shown in Figure 4A–C, the weights of the 

major hindlimb muscles, including the gastrocnemius (GA), tibialis anterior (TA), and quadriceps (QUAD), 

did not differ among the dietary groups. All muscle weights displayed a similar pattern, with no detectable 

shifts between ND, HFD, and HFD+F mice. These findings indicate that, despite the clear diet-induced 

obesity, skeletal muscle mass remained unaffected by the dietary interventions. 



   A   B   C 

Figure 4. No significant differences in muscle weight were observed among dietary groups in the gastrocnemius (GA, A), tibialis 

anterior (TA, B), and quadriceps (QUAD, C). Data are presented as mean ± standard error of the mean (SEM). Statistical analysis 

was performed using Student’s t-test and ANOVA. 

Interestingly, we extended our analysis to other organs to evaluate potential systemic effects and notably, 

fructose supplementation alone was sufficient to significantly increase spleen weight compared not only 

with ND but also with HFD (Figure 5A). This finding suggests that fructose may directly contribute to 

systemic inflammation and organ-specific alterations, independent of dietary fat content. In addition, liver 

weight was also elevated in the HFD+F group (Figure 5B), supporting the possibility that fructose intake 

promotes hepatic lipid accumulation and may contribute to the development of steatosis. 

Together, these results highlight the broader systemic consequences of excessive fructose consumption, 

demonstrating its capacity to exacerbate inflammation and induce pathological remodeling in peripheral 

organs beyond skeletal muscle. 

   A    B 

 

Figure 5. HFD+F increases spleen (A) and liver (B) weight compared with control groups. Data are presented as mean ± standard 

error of the mean (SEM). Statistical analysis was performed using ANOVA. 

4.1.1 Consumption of HFD with or without fructose supplementation did not impact myofiber size, but 

promoted intramuscular lipid accumulation 



Tibialis anterior muscles (TA) were used to investigate myofiber morphology through anti-laminin staining, 

useful to quantify the area of each fiber. Laminin staining outlines the structural integrity of individual 

fibers and, together with DAPI nuclear staining, shows that the overall organization and histological 

architecture of the muscle remain preserved across all dietary groups. As is depicted by the representative 

images and the graph, no shifts were appreciated in myofiber size, coherently with the absence of muscle 

mass differences.  

A          B 

 

Figure 6. Analysis of myofiber cross-sectional area (CSA) in tibialis anterior muscle. 

(A) Representative laminin-stained cross-sections of tibialis anterior (TA) muscles from mice fed normal diet (ND), high-fat diet 

(HFD), or high-fat diet supplemented with fructose (HFD+F). Laminin staining outlines the sarcolemma of individual muscle fibers, 

allowing visualization of muscle architecture and accurate identification of myofiber boundaries. 

(B) Quantification of the mean cross-sectional area (CSA) of TA muscle fibers in the different dietary groups. No significant 

differences in myofiber size were observed among ND, HFD, and HFD+F groups. Data are presented as mean ± SEM.  

These findings paved the way to investigate whether the accumulation of intramuscular lipid droplets 

might account for the apparent lack of atrophy in hindlimb muscles. Representative TA cross-sections from 

ND, HFD, and HFD+F mice reveal clear differences in intramuscular lipid accumulation across dietary 

conditions. Bodipy staining in combination with anti-laminin antibody was performed in order to stain 

both lipid droplets and the myofibers. The percentage of bodipy positive (bodipy+) fibers relative to total 

myofibers was quantified to detect variations among the three experimental groups. In mice fed a normal 

diet, bodipy staining appears minimal, with only scattered lipid droplets detectable within muscle fibers 

(FIG  7). In contrast, as shown in Figure 7, both HFD and HFD+F muscles exhibited a significantly higher 

percentage of bodipy+ fibers relative to total myofibers compared with ND. No significant difference 

between HFD and HFD+F were evident, indicating that fructose supplementation did not further enhance 

lipid-positive fiber prevalence beyond the effect of HFD alone (FIG 7).  



   A     B  

Figure 7. Increase of ipid droplet accumulation HFD-dependent (A) Representative immunofluorescence images of tibialis anterior (TA) muscle 

sections from mice fed normal diet (ND), high-fat diet (HFD), or high-fat diet supplemented with fructose (HFD+F). Sections were stained with 

BODIPY (lipid droplets, green), anti-laminin (myofiber boundaries, red), and DAPI (nuclei, blue). Whole-section images and higher-magnification 

views are shown. Increased BODIPY staining is visible in HFD and HFD+F muscles compared with ND, indicating greater intramuscular lipid 

accumulation. (B) Quantification of intramuscular lipid accumulation expressed as the percentage of BODIPY-positive myofibers over the total 

number of myofibers in TA muscle. Both HFD and HFD+F groups show a significant increase in BODIPY-positive myofibers compared with ND. Data 

are presented as mean ± SEM. 

Despite the pronounced increase in lipid accumulation in HFD and HFD+F mice, the general morphology 

of the fibers does not appear altered, confirming that CSA (FIG 6B), either the bodipy+ and bodipy- were 

not altered by dietary regimens (FIG 8). 

 

Figure 8. Absence of total myofiber count variation. Total number of myofibers quantified in tibialis anterior (TA) muscle sections from mice fed 

normal diet (ND), high-fat diet (HFD), or high-fat diet supplemented with fructose (HFD+F). No significant differences in total myofiber number 

were observed among the experimental groups. Data are presented as mean ± SEM. 

Together, these results indicate that despite increased intramuscular lipid deposition in HFD and HFD+F 

mice, lipid-rich and lipid-poor fiber size remained unchanged. 



   A   B   C 

Figure 9. Analysis of myofiber cross-sectional area (CSA) in TA muscle under different dietary conditions. 

Mean CSA (A), mean CSA of BODIPY⁺ fibers (B), and mean CSA of BODIPY⁻ fibers (C) were quantified in ND, HFD, and HFD+F mice. No significant 

differences were detected in overall fiber size or in the CSA of lipid-containing versus non–lipid-containing myofibers among the three groups, 

indicating that neither HFD nor HFD+F induced measurable fiber atrophy at the morphological level. Data are expressed as mean ± S.E.M. 

4.2 Palmitate and Fructose Treatments Decrease C2C12 Myotube Diameter and Their Combination 

Exacerbates Atrophic Responses 

To evaluate whether nutrient overload contributes to skeletal muscle atrophy in vitro, differentiated C2C12 

myotubes were used to mimic skeletal muscle, as widely demonstrated in literature. Myotubes were 

exposed for 24 hours to increasing concentrations of palmitate (PA100 µM, PA250 µM, PA500 µM) or 

fructose (F100 µM, F500 µM). Treatments were performed in serum-free DMEM, and myotube diameters 

were measured to understand whether treatments could induce hypertrophy or atrophy. 

As shown in panels A–D, both palmitate and fructose induced a dose-dependent decrease in myotube 

diameter. Palmitate significantly reduced myotube width at higher concentrations, with the most 

pronounced effect observed at 500 µM. Similarly, fructose exposure led to a marked reduction in myotube 

diameter, particularly at the 500 µM concentration. 
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Figure 10. Palmitate and fructose reduce C2C12 myotube diameter in a dose-dependent manner, and their combination further exacerbates this 

effect. (A–B) Representative bright-field images of myotubes treated with increasing concentrations of palmitate (PA100–500 µM) or fructose 

(F100–500 µM) for 24 hours. (C) Quantification of myotube diameter after PA treatment. (D) Quantification of myotube diameter after fructose 

treatment. 

To further substantiate the atrophic effects observed morphologically, we assessed the expression of 

myosin heavy chain (MyHC) in C2C12 myotubes. MyHC is one of the most abundant contractile proteins 

in skeletal muscle and plays a central role in generating force during muscle contraction. 

Consistent with the reduction observed in myotube diameter, Western blot analysis revealed a decrease 

in MyHC expression following palmitate treatment. Myotubes exposed to increasing concentrations of 

palmitate displayed a slight reduction in MyHC protein levels compared with control conditions, as shown 

by the representative protein bands and the corresponding quantification (Figure 11A and 11B). 

A similar trend was observed following fructose treatment. In particular, MyHC expression progressively 

decreased with increasing fructose concentrations. Although the reduction observed at 100 µM was not 

statistically significant, a more pronounced decrease was detected at 500 µM, as shown by the protein 

bands in Figure 11C and the corresponding quantification in Figure 11D. 

  A  B    C  D 

Figure 11. MHC reduction upon palmitate and fructose treatments. (A-D) Western blot analysis shows a reduction in MyHC protein levels in C2C12 

myotubes treated with palmitate (PA500 µM) and with fructose (F100 µM and F500 µM) compared with NT. MyHC intensity was normalized to 

vinculin for palmitate-treated samples and to tubulin for fructose-treated samples. Data are presented as mean ± standard error of the mean 

(SEM). Statistical analysis was performed using Student’s t-test and ANOVA. P < 0.01 vs NT. 

To better understand the interaction between lipid and sugar excess, an additional condition combining 

palmitate and fructose (PA500 + F500) was included. As illustrated in panel E, the combined treatment 

elicited an atrophic response comparable to that observed with either treatment alone, suggesting that 

the synergistic effect of them did not augment the reduction of myotube width. 



 

Figure 12. Comparison of NT, PA500 µM, F500 µM, and combined PA500 + F500 treatment, showing an enhanced reduction in myotube diameter 

under the combined condition. Data are presented as mean ± S.E.M. from at least three independent experiments. Statistical analysis was 

performed using one-way ANOVA. *p < 0.05, **p < 0.01 vs. NT. 

As we moved for the ex vivo experiments, we then qualitatively assess lipid droplet (LD) accumulation 

under different metabolic stress conditions. C2C12 myotubes were stained with bodipy following 24-hour 

exposure to palmitate (PA500 µM), fructose (F500 µM), or their combined treatment (PA500 + F500). 

Interestingly, fluorescent imaging revealed distinct differences in intracellular LD distribution across 

conditions. 

Untreated myotubes (NT) displayed minimal bodipy+ puncta, indicating a normal lipid profile with limited 

LD content (FIG 13A). In contrast, PA-treated cells exhibited a clear increase in LD accumulation, 

characterized by numerous bright green puncta distributed throughout the myotubes, consistent with 

palmitate-induced lipotoxicity (FIG 13A). Parallelly, fructose-treated myotubes also showed increased LD 

deposition compared to NT, although the intensity and density of BODIPY-positive structures appeared 

lower than in PA-treated cells. Notably, the combined PA+F500 treatment resulted in the most pronounced 

accumulation, with dense clusters of enlarged LDs visibly distributed along the length of the myotubes, 

suggesting a synergistic effect of fatty acid and fructose exposure. Overall, these qualitative observations 

align with the quantitative LD area analysis, confirming that both palmitate and fructose promote lipid 

storage in skeletal muscle cells, with the combined treatment exerting the strongest lipogenic effect. 

A          B 

 

Figure 13. Palmitate and fructose treatments increase lipid droplet accumulation in C2C12 myotubes. (A) Representative BODIPY (green) and DAPI 

(blue) fluorescence images of myotubes following 24-hour exposure to PA500 µM, F500 µM, or their combination (PA500 + F500). Palmitate and 
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fructose both increase LD formation compared to untreated cells, with the combined treatment producing the strongest accumulation. (B) 

Quantification of lipid droplet area expressed as percentage of total myotube area. All treatments significantly increase LD accumulation compared 

to NT, with PA + F500 showing the highest LD content. Data are presented as mean ± SEM. *p < 0.05, **p < 0.01 vs NT; *p < 0.01 between indicated 

groups. 
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The present study was designed to investigate the impact of chronic high-fat diet (HFD), alone or combined 

with fructose supplementation (HFD+F), on skeletal muscle homeostasis, including weight, morphology, 

atrophic signaling, and lipid accumulation, using both in vivo and in vitro approaches. Despite in literature 

the role of high-fat diet and fructose is more often associated in the onset of obesity (21,30), its role in 

skeletal muscle and sarcopenic obesity (SO) is until now not well deciphered, thus, we employed both in 

vivo model to dissect the effect of a high-fat high-fructose diet on skeletal muscle and the in vitro one to 

better understand the mechanisms underlying early stages of SO.  

Our in vivo findings demonstrate that prolonged exposure to HFD, with or without fructose 

supplementation, induces a robust increase in body weight and white adipose tissue mass, confirming the 

effectiveness of the dietary protocol in promoting obesity. Both epididymal and subcutaneous fat depots 

were significantly enlarged in HFD and HFD+F groups compared with normal diet controls (ND), whereas 

brown adipose tissue was not significantly affected. These results are consistent with previous reports 

showing that high-fat feeding preferentially expands white adipose depots and promotes systemic 

metabolic dysfunction (21). Interestingly, fructose supplementation did not further increase white fat 

accumulation beyond that induced by HFD alone, suggesting that, in the context of an already lipid-rich 

diet, fructose does not substantially amplify peripheral fat storage. However, fructose exerted organ-

specific effects, as evidenced by increased spleen and liver weights in the HFD+F group. The enlargement 

of the spleen may reflect heightened systemic inflammation, while the increase in liver weight is 

compatible with enhanced hepatic lipid accumulation and early steatotic changes, in agreement with 

studies demonstrating fructose-driven de novo lipogenesis and hepatic triglyceride synthesis (24,29,31). 

Although future studies will be focused on spleen and liver to unravel systemic inflammation and 

homeostasis, our project aim was to investigate the role of high-fat and fructose in skeletal muscle. 

Despite the marked increase in total body mass and adiposity, skeletal muscle weight remained unchanged 

across dietary groups. Gastrocnemius, tibialis anterior, and quadriceps muscles did not exhibit significant 

differences in mass, indicating that overt muscle wasting did not occur under our experimental conditions 

(FIG 4). This observation suggests that, at least at the gross anatomical level, chronic HFD with or without 

fructose does not immediately induce measurable muscle mass loss at the timepoint used for our 

experimental plan. However, SO is characterized not only by reduced muscle mass but also by impaired 

muscle quality. Therefore, preservation of muscle weight does not necessarily imply preserved muscle 

health or function, since several mechanisms could be implicated in deregulating its metabolism. 

Indeed, histological analysis revealed a striking increase in intramuscular lipid droplets in HFD and HFD+F 

mice, as demonstrated by bodipy staining. The percentage of lipid-positive fibers was significantly elevated 

in both diet-treated groups compared with controls, while no additional increase was observed in the 

HFD+F group relative to HFD alone. These data indicate that high-fat feeding is sufficient to promote 

substantial intramyocellular lipid accumulation, and fructose does not further exacerbate this parameter 

in vivo. Importantly, the general architecture of muscle fibers, as assessed by laminin staining and cross-

sectional area (CSA) measurements, was preserved. Neither overall CSA nor the CSA of lipid-rich versus 

lipid-poor fibers differed among groups, supporting the conclusion that structural atrophy had not yet 

developed. 

The coexistence of preserved muscle mass and fiber size with increased lipid infiltration suggests an early 

stage of metabolic remodeling rather than atrophy. Intramyocellular lipid accumulation has been strongly 

associated with insulin resistance and impaired mitochondrial function (32). As demonstrated by Samuel 



and Shulman (2012) excess lipid droplets can generate bioactive lipid intermediates such as ceramides and 

diacylglycerols, which interfere with insulin signaling and activate stress pathways. Over time, such 

metabolic disturbances may predispose muscle to catabolic activation and functional decline. Therefore, 

our findings support the concept that intramuscular lipid deposition precedes measurable reductions in 

fiber size and may represent an early pathogenic event in diet-induced muscle dysfunction. For these 

reasons, the systemic effects observed in HFD+F mice, particularly increased liver and spleen weights, 

reinforce the notion that fructose may contributes to organ-specific metabolic bypassing key glycolytic 

regulatory steps and driving hepatic lipogenesis, leading to triglyceride accumulation and increased very 

low-density lipoprotein secretion. We speculate that dyslipidemia may indirectly affect skeletal muscle by 

increasing circulating fatty acid flux (33,34).  

To strengthen the in vivo findings, we used differentiated C2C12 myotubes to examine the direct effects 

of palmitate, one of the most abundant and common circulating saturated fatty acid upon high-fat diet 

consumption (35), and fructose on skeletal muscle cells. In contrast to the absence of atrophy in vivo, both 

palmitate and fructose induced a dose-dependent reduction in myotube diameter in vitro. The most 

pronounced effects were observed at 500 µM for both treatments. These morphological changes were 

accompanied by decreased myosin heavy chain (MyHC) expression, particularly in fructose-treated cells 

at higher concentration. MyHC is a key contractile protein and a reliable marker of muscle differentiation 

and integrity; thus, its reduction supports the presence of atrophic remodeling at the cellular level.  

Interestingly, the combined palmitate and fructose treatment confirm the atrophic effect, even if the 

synergic presence of them did not augment the outcome (Figure 12). Nevertheless, when lipid droplet 

accumulation was assessed, their co-presence elicited the most pronounced increase in intracellular lipid 

area, indicating additive effects on lipid storage.  

These findings highlight a divergence between morphological atrophy and lipid deposition and the 

discrepancy between in vivo and in vitro atrophic outcomes deserves consideration. In vivo, multiple 

compensatory mechanisms may control the direct atrophic impact of nutrient excess. Moreover, the 

duration of exposure, although sufficient to induce obesity and lipid infiltration, may not have been long 

enough to trigger measurable reductions in fiber size. In contrast, cultured myotubes are directly exposed 

to defined concentrations of palmitate and fructose without systemic modulation, potentially amplifying 

stress responses. This controlled environment allows the detection of early molecular events that may 

precede structural atrophy in whole muscle. 

The increase in lipid droplets observed both in vivo and in vitro supports the hypothesis that lipid overload 

is a central mediator of muscle metabolic dysfunction. Lipid droplets are dynamic organelles that normally 

buffer excess fatty acids and prevent lipotoxicity (13), however, chronic oversupply may overwhelm this 

protective system, leading to oxidative stress, mitochondrial impairment, and activation of proteolytic 

pathways such as the ubiquitin–proteasome system and autophagy–lysosome pathway (23). Although we 

did not directly measure atrogenes expression in vivo, the reduction in MyHC in vitro suggests that 

catabolic signaling may be engaged under nutrient stress. 

In conclusion, chronic high-fat feeding induces obesity and significant intramuscular lipid accumulation 

without immediate reductions in muscle mass or fiber size, representing an early stage of muscle 

metabolic impairment. Fructose supplementation exacerbates systemic organ alterations, particularly in 

liver and spleen, and directly promotes atrophic and lipogenic responses in muscle cells in vitro. Together, 

these findings, despite need some further experiments, support the idea that the combination of lipid and 



fructose may disrupt skeletal muscle homeostasis primarily through metabolic remodeling and lipid 

deposition before overt structural atrophy becomes evident, providing mechanistic insight into the early 

pathogenesis of SO.  
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